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Fluorophores with dynamic or controllable fluorescence emission
have become essential tools for advanced imaging, such as
superresolution imaging. These applications have driven the
continuing development of photoactivatable or photoconvertible
labels, including genetically encoded fluorescent proteins. These
new probes work well but require the introduction of new labels
that may interfere with the proper functioning of existing
constructs and therefore require extensive functional character-
ization. In this work we show that the widely used red fluorescent
protein mCherry can be brought to a purely chemically induced
blue-fluorescent state by incubation with β-mercaptoethanol
(βME). The molecules can be recovered to the red fluorescent state
by washing out the βME or through irradiation with violet light,
with up to 80% total recovery. We show that this can be used to
perform single-molecule localization microscopy (SMLM) on cells
expressing mCherry, which renders this approach applicable to a
very wide range of existing constructs. We performed a detailed
investigation of the mechanism underlying these dynamics, using
X-ray crystallography, NMR spectroscopy, and ab initio quantum-
mechanical calculations. We find that the βME-induced fluores-
cence quenching of mCherry occurs both via the direct addition
of βME to the chromophore and through βME-mediated reduction
of the chromophore. These results not only offer a strategy to
expand SMLM imaging to a broad range of available biological
models, but also present unique insights into the chemistry and
functioning of a highly important class of fluorophores.
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Fluorescent proteins have greatly advanced the study of in-tracellular organization and dynamics (1–3). For example, the
discovery of red fluorescent proteins (RFPs) has enabled multicolor
imaging when combined with the original green fluorescent protein
(GFP), whereas the development of photoconvertible proteins
whose fluorescence emission can be either activated or altered
has enabled studying protein dynamics and turnover, as well as
diffraction-unlimited imaging through a range of different ap-
proaches (1, 3–5). Single-molecule localization microscopy [SMLM
(6)], for example, depends on the semicontrolled switching of flu-
orophores between dark states and fluorescent states, which facili-
tates repetitive sparse sampling and nanometric localization of
individual fluorophores. In contrast to synthetic fluorophores,
where blinking is often induced by transient interactions between
the dye and buffer components such as reducing agents (7), blinking
in FPs is typically achieved through the use of photoactivatable
variants whose emission spectrum changes upon exposure to spe-
cific wavelengths, which is largely independent of buffer conditions.
This change can be irreversible, such as fluorescence activation (8,
9) or green to red photoconversion (10–12), or reversible on/off
switching (13, 14). For example, photoactivatable GFP (PA-GFP)
switches from dark to green fluorescent upon exposure to violet
light, whereas mEos switches from green to red fluorescence in the
same conditions (3).
The wide applicability of these types of “smart labels” has
sparked a broad interest in development of new probes and in
understanding the underlying structural mechanisms. In the case
of fluorescent proteins, these fluorescence dynamics typically
result from decarboxylation of a glutamate residue in the protein
environment, extension of the conjugated system of the chro-
mophore with a histidine residue, or cis/trans isomerization of
the chromophore coupled to a change in protonation state (15).
However, despite intensive efforts, rational fluorescent protein
design has remained difficult due to the high structural com-
plexity of these probes, the complex and subtle relation between
the structural and spectroscopic properties, and the fact that
these processes are difficult to synchronize at the ensemble level.
The downside to using engineered photoactivatible labels is
that these require the construction and introduction of new la-
beling constructs, which can be costly and laborious. Introducing
different types of FPs can also lead to perturbations of the
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cellular biology, requiring extensive validation efforts. Finally,
for many photoactivatable FPs the activation efficiency is only
around 50% (16), leaving half of the fluorophores undetected.
For this reason, several investigators have explored the use of
conventional FPs, such as GFP and YFP, for subdiffraction
imaging, because they will blink either spontaneously or in spe-
cific conditions (17, 18). Recently, also SMLM with a conven-
tional red FP has been achieved by exploiting a light-induced
dark state of mCherry in the presence of the reducing agent
β-mercaptoethylamine (19). Unfortunately, using a light-induced
dark state can lead to premature photodestruction of the fluo-
rophores before the start of the single-molecule image acquisition,
resulting in suboptimal SMLM images.
Here we show that mCherry can be brought to a purely
chemically induced dark state from which up to 80% of the flu-
orophores can be recovered to the fluorescent state. Incubating
with β-mercaptoethanol (βME) quenches the fluorescence peak at
610 nm and introduces a fluorescence peak at 460 nm, which can
be reversed by illumination with violet light or by βME washout.
We find that this chemical caging can be used for mCherry-based
SMLM, which should be widely applicable, given the many exist-
ing mCherry fusion proteins. Spectroscopic characterization pro-
vided insights into the kinetics of this process, whereas X-ray
crystallography, NMR spectroscopy, and ab initio calculations
demonstrate a unique mechanism in which βME can convert
mCherry to a blue fluorescent protein both by reducing the
chromophore and by covalent addition to the Cβ of the chromo-
phore’s tyrosine. This discovery brings insights into the chemistry
and functioning of a highly important class of fluorophores.
Results and Discussion
The effect of βME on RFPs was first observed in fixed COS-7
cells expressing mCherry-tubulin. The bright red fluorescence
in these cells was largely quenched after addition of 286 mM
(2% vol/vol) βME (Fig. 1A), but could be recovered with violet
light from a mercury lamp. After optimization, we could recover
73% ± 4% (average ± SEM) of the initial red fluorescence (Fig.
1B), demonstrating that mCherry-tubulin can be chemically
caged by βME and subsequently photoactivated to recover the
red fluorescent state. To examine how uncaging efficiency de-
pends on the intensity of activation light, purified mCherry was
nonspecifically adsorbed onto glass coverslips, quenched by in-
cubation with 286 mM βME in PBS, and subsequently activated
by different exposure periods (0–15 s) at different intensities of
405 nm laser light (Fig. 1C). At the lowest intensity, we observed
that uncaging first increased and then saturated with increasing
exposure time. At higher intensities, longer exposures resulted in
less fluorescence and also the maximum achievable fluorescence
intensity was lower at increasing activation intensities.
The data were fitted with a model describing a photoinduced
transition from a caged to a fluorescent state and photodamaging
pathways from both the caged state and the fluorescent state,
with rates kpa, kdam,B, and kdam,R, respectively (Fig. 1D). As
expected, the photoactivation rate and the photodamage rates
increased with increasing 405-nm laser intensity (Fig. 1E). The
linear fit of kdam,B approximately went through the origin, im-
plying no photodamage without 405 nm light. In contrast, the fit
of kdam,R had an offset, which can be explained by recaging of
photoactivated molecules. The photoactivation rate also in-
creased with laser intensity, but to a lesser extent at higher laser
powers. Together, these results explain why the amount of
molecules returning to the fluorescent state is highest when low
photoactivation intensities are used. Using these activation set-
tings, we found that mCherry, mRFP, and tagRFP were caged by
βME to 7.1% ± 0.4%, 1.3% ± 0.5%, and 50.5% ± 0.2% of the
original intensity, respectively, whereas the return percentages
using violet illumination were 77% ± 2%, 10.4% ± 2.8%, and
103% ± 3% (mean ± SEM, Fig. 1F).
We next tested whether the observed photoactivation of
chemically caged mCherry could be used for SMLM. Indeed,
mCherry-based localization microscopy of fixed cells expressing
mCherry-tubulin in a buffer containing 143 mM βME resulted in
an improved resolution with a high density of emitters contrib-
uting to the superresolution reconstruction. mCherry molecules
could either be photoactivated in the presence of βME (Fig. 2A)
or return spontaneously after washout of βME during acquisition
of the first thousands of frames (Fig. 2B). In both cases, the
average localization accuracy was 11 nm. Other mCherry-labeled
structures could also be better resolved using this approach,
for example highlighting the centriole using mCherry-CEP135,
clathrin-coated pits and lattices (20) using mCherry-Clathrin
Light Chain (21), and cortical microtubule stabilization com-
plexes using mCherry-KANK1 (22) (Fig. 2 C and D). Thus,
βME-based caging combined with either 405-nm reactivation or
βME washout enables mCherry-based localization microscopy.
Interestingly, the photon counts per mCherry blinking event
obtained after washout of βME were 54% higher than those
obtained using photoactivation in the presence of βME (Fig. 2F).
This could be caused by photodamage induced by the activation
laser (Fig. 1 C–E) or by rapid βME-induced recaging. The high
emitter densities in our images could suggest that fluorophores
Fig. 1. RFPs can be caged by βME and uncaged by violet light. (A) Widefield
images of a fixed COS-7 cell transfected with mCherry-tubulin, showing the
initial fluorescence signal (Left), the fluorescence signal after adding 286 mM
βME (Center), and the fluorescence signal after photoactivation with violet
light (Right). The image contrast in Center and Right is 1.5 times that in Left.
(Scale bar, 20 μm.) (B) Quantification of the fluorescence signal of widefield
images of COS-7 cells transfected with mCherry-tubulin after adding βME and
after photoactivation as percentage of the initial fluorescence. The fluores-
cence signal after photoactivation is 73% ± 4% of the initial signal (average ±
SEM of 10 cells). (C) Fluorescence intensity of purified mCherry molecules in
the presence of 286 mM βME after photoactivation, as a function of photo-
activation exposure times for three 405-nm laser intensities. Solid lines indicate
fits with a model incorporating both photoactivation and photodamage.
(SI Methods, n = 6 measurements per time point). (D) Schematic of the model
used for fitting data in E. (E) Rates of photoactivation and photodamage as
function of 405-nm laser intensity, obtained from the fits described in C. Solid
lines represent exponential (kpa) or linear (kdam,R and kdam,B) fits. (F) Quanti-
fication of the fluorescence signal of purified mCherry, mRFP, and TagRFP
molecules from TIRF imaging. Black and red bars indicate the percentage of
initial fluorescence after adding 286 mM βME and after photoactivation with
low 405-nm laser intensity, respectively. n = 4, 2, and 2 samples and n = 40, 24,
and 20 measurements for mCherry, mRFP, and tagRFP, respectively.
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have multiple emission episodes. For example, we observed over
2,100 blinking events in the upper centriole in Fig. 2C, whereas the
copy number of CEP135 per centriole has been estimated to be
300–500 (23). To compare the photon counts of mCherry with
well-established photoconvertible fluorophores, we created tubu-
lin constructs fused to mEos3.2 (24) or mMaple3 (25). Whereas
the histograms of mCherry photon counts upon βME washout are
very similar to the histograms of mEos3.2 and mMaple3, the av-
erage photon counts for mCherry are 40% and 20% lower, re-
spectively. Closer inspection revealed that the higher average
values of mEos3.2 and mMaple3 were caused by a small fraction
of long-lived emission events. Excluding the brightest 5% of all
emission events for all fluorophores resulted in photon counts of
mCherry that were 70% and 89% of mEos3.2 and mMaple3, re-
spectively. In addition, we found that the contrast ratio between
the on-state and off-state fluorescence was also very similar for
these fluorophores (43 ± 19, 45 ± 13, and 40 ± 15 for mCherry,
mEos3.2, and mMaple3, respectively). Thus, for the vast majority
of molecules, mCherry performs comparably to mMaple3 and
slightly worse than mEos3.2.
During photoactivation of mCherry-tubulin expressing and
βME-quenched cells, we noted a faint blue fluorescence. To in-
vestigate this further, we recorded the fluorescence emission
spectrum of purified mCherry in the presence of increasing βME
concentrations and found that addition of βME reduced the
emission peak at 610 nm, whereas a peak at 460 nm appeared,
indicating blue fluorescence (Fig. 3A). The intensity decrease at
610 nm upon addition of βME and as a function of the βME
concentration followed the expected behavior for a reversible bi-
molecular reaction (I = I0/(1 + Keq[βME])), yielding a Keq of
0.10 mM−1 (Fig. 3B). In addition to the emission spectrum, the
absorbance spectrum of mCherry was also strongly altered upon
addition of 286 mM βME. The absorbance peak at 590 nm de-
creased over time and a peak at 410 nm appeared (Fig. 3 C and
D), which could be reversed by photoactivation with a 405-nm
laser. These results indicate that βME converts mCherry mole-
cules from a red fluorescent state to a blue fluorescent photo-
convertible state with absorption maximum at 410 nm and
fluorescence emission maximum at 460 nm.
To characterize the spontaneous return of mCherry to the
red fluorescent state without photoactivation, coverslips with
nonspecifically adsorbed mCherry molecules were incubated with
286 mM βME in PBS for 20 min and then washed extensively with
PBS to remove the βME. Upon βME washout, the red fluores-
cence of mCherry returned over the course of 1 h, with an average
recovery of 83% ± 3% of the initial intensity and a single-
exponential time constant of 7.0·102 s (Fig. 3 E–G). In addition,
we tested whether other fluorescent proteins could be caged using
βME. Remarkably, βME caging could be observed only for
mCherry and some other red fluorescent proteins like mRFP1,
TagRFP-T, and monomeric dsRed, but not for FPs with other
colors or red FPs such as tdTomato and mKate2 (Table S1).
The βME-induced blue fluorescent state that we observed re-
sembles the blue intermediate state reported in the maturation
pathway of RFPs (26) and also matches the absorption and
emission spectra reported for mTagBFP (27). Interestingly, ex-
posure to violet light was found to accelerate the transition from
the blue intermediate state to the final red state for dsRed (26),
for mCherry-derived fluorescent timers, and for photoactivatable
PAmCherry (9, 28). We therefore hypothesized that the addition
of βME returns the RFP chromophore to a state similar to the
blue intermediate state. The structure of the blue intermediate
chromophore has been elucidated using X-ray crystallography (29)
and ab initio quantummechanics/molecular mechanics (QM/MM)
calculations (30) and based on the reported differences in struc-
ture between the red fluorescent and blue fluorescent chromo-
phore, we envisioned (at least) two ways for βME to interact with
the chromophore to return it to the blue state (Fig. 4A). In the
first mechanism, βME binds directly to the Cβ of the tyrosine,
whereas in the second mechanism βME causes a chemical re-
duction of the chromophore without covalent addition. In both
cases the conjugated system would be interrupted at the Cβ atom,
resulting in the formation of an mTagBFP-type chromophore,
with the shortening of the conjugated π system leading to the blue
shift of the absorption and emission wavelengths.
To investigate the structural changes caused by βME, we
crystallized mCherry and soaked it in a 2-M βME-containing
solution just before flash freezing. Absorption measurements
demonstrated that crystallized mCherry shows a similar blue shift
in absorbance spectrum as noncrystallized mCherry and loses its
red/purple color after soaking (Fig. S1 A–C). The crystal struc-
ture was determined with a resolution of 1.55 Å (Table S2) and
Fig. 2. Gradual uncaging enables superresolution im-
aging. (A) Widefield image of a COS-7 cell transfected
withmCherry-tubulin (Left) and SMLM reconstruction of
the same area (Right). SMLM was performed after ad-
dition of 143 mM βME. (Scale bars, 2 μm.) (B) SMLM
reconstruction (Left) and zoom-in (Right) obtained
by imaging after addition and washout of 286 mM
βME, with no 405-nm activation during the first
∼3,000 frames. [Scale bars, 2 μm (Left) and 500 nm
(Right).] (C) (Left and Center) Zoom-in of HeLa cell
coexpressing GFP-Centrin-1 (Left) and mCherry-CEP135
(Center). (C, Right) SMLM of the same area. SMLM was
performed after addition of 143 mM βME. (Scale bar,
1 μm.) (D and E) SMLM reconstructions of HeLa cells
expressing mCherry-Clathrin Light Chain1 (D, Left) and
zoom-in (D, Right) or mCherry-KANK1 (E). SMLM was
performed after addition of 143 mM βME. A median
filter of pixel size 2 was applied. (Scale bars, 1 μm.)
(F) Photon number measurements of mCherry, obtained
in the presence of βME (A) or after βME washout (B),
compared with mMaple3 and mEos3.2. All constructs
were fused to tubulin. For calculating the indicated
mean photon numbers, also counts outside the histo-
gram (i.e., counts >2,200) were included. Mean95% in-
dicates the average photon count of the dimmest 95%
blinking events for each type of sample. (G) Cumulative
probability of photon counts for all four situations.
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displayed the typical β-barrel structure seen in other fluorescent
proteins. Whereas most amino acid residues were well defined in
the electron density maps, the region around the chromophore in
the center of the barrel was initially less clear. We were able to
model two different chromophore types in this electron density:
a chromophore closely resembling that of untreated mCherry
(with occupancy of 59%), and a variant in which βME adds to the
Cβ of the tyrosine via its mercapto group (with occupancy of
41%) (Fig. 4 B–D). Although clear evidence for these two types
was found, during structure refinement peaks in the 2Fo−Fc
electron density map suggest the existence of alternative con-
formations of the free βME tail (Fig. S1 D and E).
Whereas the crystal structure occupancies suggest that only
about 41% of the mCherry molecules contain a βME adduct, the
purple color of the crystal fully disappeared and the absorbance
completely shifted to violet wavelengths upon addition of βME
(Fig. S1 A and B). Although the partial occupancy could be caused
by βME not having sufficient time before flash freezing, an image
of the crystal on the goniometer head in the 100-K nitrogen
stream just before X-ray data acquisition confirms that the crystal
had fully lost its characteristic purple color (Fig. S1C). As a result,
our data suggest that the remaining 59% does not correspond to
the native mCherry chromophore, but rather to a chromophore in
which the tyrosine Cβ is in the reduced state, albeit with non-
optimal bond angles for the Cβ sp
3-hybridized carbon atom. Such
deviations from model values are often observed in fluorescent
protein chromophores. Further support for this model comes from
our 2D [1H,13C] heteronuclear single quantum correlation
(HSQC) measurements using 13C/15N tyrosine, methionine, and
glycine-labeled mCherry (Fig. S2). Upon addition of βME, an
extra peak emerged in the 13C-1H spectrum close to the charac-
teristic Cβ resonance for tyrosine. This suggests that the double
bond between the Cα and Cβ is converted to a single bond,
resulting in blue-shifted absorption and emission. This peak
most likely corresponds to the reduced state, because the co-
valent attachment of βME to the Cβ that was observed in the
crystal structure is expected to induce a nontraceable shift away
from the characteristic tyrosine Cβ resonance.
Despite the clear evidence for both reduction of and βME
addition to the chromophore, the analyzed crystal structure did
contain some peaks in the Fo−Fc difference electron density
maps (Fig. S1F) that could not solely be explained by assuming
conformational freedom for the free βME tail of the addition
product. Moreover, we observed two conformations for lysine
70 and a lower occupancy of water molecule 436. Without these
structural rearrangements, addition of βME would sterically not
be possible, suggesting that the other possible enantiomer of the
Michael addition cannot be accommodated by the β-barrel and
cannot explain this residual electron density. Because we could
not straightforwardly identify the missing structures or confor-
mations, we next used quantum-chemical calculations on a
model system of the chromophore (Fig. S3) to obtain detailed
structures of possible βME-conjugated products (Fig. S4) and
predict their absorption wavelengths (Table S3). These calcula-
tions were performed using coupled-cluster and time-dependent
and time-independent density functional theory (SI Computation
of Electronic States and Table S3).
Fig. 3. βME transforms mCherry into a blue fluorescent protein. (A) Fluores-
cence spectra of in vitro mCherry molecules incubated with various βME con-
centrations, excited with 410 nm light (dotted lines) and 550 nm light (solid
lines). Arrows indicate increasing βME concentration. (B) Quantification of
mCherry fluorescence intensity at 610 nm as function of βME concentration.
Solid line represents a fit of the fluorescence intensity according to an equa-
tion for a reversible bimolecular reaction I = I0 /(1 + Keq·[βME]), yielding Keq =
0.10 mM−1 (N = 1, n = 4). (C) Absorbance spectra of in vitro mCherry molecules
over time after addition of 286 mM βME. Arrows indicate increasing time. (D)
Absorbance of purified mCherry molecules at 410 nm (black line) and 590 nm
(red line) as a function of time. Addition of 286 mM βME and exposure to
405 nm light are indicated. Dotted black lines represent fits for one phase
decay: I = Plateau + (I0 − Plateau)·exp(−t/τ). Values for τ are 111 s−1 and 106 s−1
after βME, 65 s−1 and 60 s−1 during 405 nm illumination, and 109 s−1 and 108 s−1
after 405 nm illumination, for absorbance at 410 nm and 590 nm, re-
spectively. (E) Fluorescence images of purified mCherry molecules on a cov-
erslip before addition of 286 mM βME, after addition of βME, and 1.5 h after
washout of βME. (F) Quantification of the fluorescence signal after addition of
286 mM βME (8% ± 0.1%) and 1.5 h after washout (83% ± 3%) (mean ± SEM;
N = 2, n = 44 regions). (G) Kinetics of fluorescence return after βME washout.
Fluorescence intensity is normalized to the final value. The solid line represents
a fit for one phase dissociation of βME andmCherry, yielding τ = 7.0·102 s (95%
confidence interval 6.6·102–7.4·102; N = 3).
Fig. 4. mCherry caging occurs through Michael addition of βME to the
chromophore. (A) Two hypothesized pathways for βME-induced conversion
of the RFP chromophore from the red fluorescent form to the blue fluo-
rescent form. Pathway I is via reduction of the double bond between the Cα
and Cβ of the tyrosine. In pathway II, βME is covalently attached to the Cβ of
the tyrosine through a Michael addition, removing the double bond be-
tween the Cα and Cβ of the tyrosine. (B–D) Crystal structures of mCherry. C
depicts the structure found in the PBD (ID: 2H5Q), whereas B and D depict
the structures obtained after soaking a crystal in βME. The structure in B has
59% occupancy in the crystal vs. 41% occupancy in D.
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The absorption wavelengths for the mCherry chromophore
matched very well with the experimental observation (579 nm vs.
587 nm experimentally). Of all tested structures featuring addi-
tion of βME, only two showed an absorption wavelength con-
sistent with the experimental observations (434 nm and 419 nm
calculated vs. 410 nm experimentally). The structure with cal-
culated absorption at 434 nm corresponds with the formation of
a linear adduct on the Cβ carbon atom of the chromophore’s
tyrosine, whereas the other structure (419 nm) involves the for-
mation of a five-membered spiro ring structure by double addi-
tion of βME at the same position. The X-ray data do not provide
conclusive evidence for or disprove the presence of this struc-
ture. However, we consider it unlikely that this structure is
formed because it would require an addition–oxidation–addition
mechanism and the formation of acetals from βME is known to
occur only under harsh conditions (31). Therefore, we propose
that, of these structures, only the linear adduct (Fig. 5D) is
formed. Of the structures that involve a reduction of the chro-
mophore, both the structure initially suggested based on the
NMR experiments (Fig. 5B) and an additional one involving
reduction elsewhere in the chromophore lead to predicted ab-
sorption wavelengths consistent with experiment (411 nm and
443 nm, respectively). Our NMR data directly support the for-
mation of the structure in Fig. 5B, but we do not have any direct
data that prove or disprove the formation of the other reduced
structure shown in Fig. 5. However, in our view the direct ex-
perimental support for the structures in Fig. 5 B and D and the
high similarity of the absorption spectra to mTagBFP indicate
that the structures proposed in Fig. 4 are most likely the chem-
ical species formed in this process.
In summary, we have shown that mCherry can be chemically
brought to a blue fluorescent state by βME and returned to the
red fluorescent state by photoactivation with violet light or by
βME washout. The crystallographic data unambiguously showed
the appearance of electron density that can be explained only by
the formation of a covalent bond at the Cβ atom of tyrosine 67,
resulting in a blue fluorescent chromophore. Covalent addition
of thiols has been previously reported for cyanine dyes (32), al-
though in that case the addition required irradiation with light,
whereas here quenching occurs in the absence of light. Other
groups have observed a similar spontaneous addition of thiol
compounds (33) and phosphine (34) to fluorophores, but to our
knowledge this has not been previously shown for fluorescent
proteins. We propose that the covalent modification of the
chromophore occurs via a Michael addition through the SH
group of βME. Reversibility of Michael additions has been
shown for different addends and adducts (35, 36). For example,
reversible Michael addition of a thiol to a fluorescent probe was
shown to blue shift the absorbance and fluorescence spectra,
allowing the measurement of glutathione concentration inside
living cells (37).
We observed that βME can cage some, but not all RFPs. We
believe that the ability and the magnitude of βME-induced
caging depend on several factors, such as the allowance for
βME to enter the β-barrel, the accessibility of the chromophore
Cβ atom, the possibility for the lysine-70 conformational change
upon Michael addition, and the possibility to change the Cβ
hybridization following the Michael addition or reduction.
It is important to note that the additional covalent bond with
βME was present in about 40% of mCherry molecules in the
crystal, whereas the whole crystal changed color upon soaking in
βME. This suggests that the quenching of the other 60% of the
molecules is achieved by reduction of the tyrosine Cβ atom, con-
sistent with the appearance of the characteristic tyrosine Cβ reso-
nance in the NMR spectrum. Remarkably, irradiation with violet
light could reverse both the reduction and the addition, given that
the maximum recovery is about 80%. These mechanisms facilitate
the use of conventional RFPs in SMLM. Here, the purely chemical
transition to a dark state using βME decouples imaging laser power
and duty ratio, which allows optimizing imaging conditions for
single-molecule detection. This could be an advantage compared
with using a light-induced dark state, as reported for mCherry in
the presence of β-mercaptoethylamine (19). Given the many
existing mCherry-based model systems, our strategy for mCherry-
based SMLM using chemical caging followed by highly efficient
photoactivation should be widely applicable.
Materials and Methods
Microscopy. All microscopy was performed on a Nikon Ti-E microscope
equipped with a 100× Apo TIRF (N.A. 1.49) objective and a Perfect Focus
System. Excitation was done either with a mercury lamp or via a custom illu-
mination pathway with a 15-mW 405-nm diode laser (Power Technology) and
a 100-mW 561-nm DPSS laser (Cobolt Jive). Fluorescence was detected using
either an Andor DU-897D EMCDD with an additional 2.5× Optovar to achieve
an effective pixel size of 64 nm or an Andor NEO 5.5 sCMOS with an effective
pixel size of 65 nm. All components were controlled by Micromanager soft-
ware (38). For intensity measurements as a function of photoactivation time
an additional diffuser (Optotune LSR-C-3010) was inserted between a pair of
lenses with focal distance of 75 mm in the illumination pathway for even il-
lumination in TIRF mode. For SMLM, samples were continuously illuminated
with 561 nm light in combination with increasing 405 nm intensity to maintain
a constant number of molecules in the fluorescent state. Typically 5,000–
15,000 frames were recorded with exposure times of 40–60 ms.
Crystallography.mCherry crystals were grown in sitting drops containing 1 μL
of protein solution (10 mg/mL), 1 μL of precipitant (0.2 M MgCl20.6H2O,
0.1 M Tris, pH 8.5, 25% PEG 4000), and 0.5 μL of βME (2 M), equilibrated
against a 100-μL reservoir of precipitant. As the solution regained its color
after several days, the crystals were soaked in a drop containing 1 μL PEG 400
(40%) and 1 μL βME (5 M) just before flash freezing in liquid nitrogen. Upon
soaking, the crystals immediately lost their color and this absence of color
remained until X-ray diffraction.
Data collection and refinement statistics can be found in Table S2. The structure
was deposited in the PDB with accession code 5FHV. Images were created using
the PyMOL Molecular Graphics System (Version 1.8; Schrödinger, LLC).
More experimental details and detailed information on the crystal structure
determination and quantum-chemical calculations can be found in SI Methods.
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